Building envelope, such as a roof, is the interface between a building structure and the environment. Understanding of the physics of microbial interactions with the building envelope is limited. In addition to the natural weathering, microorganisms and airborne particulate matter that attach to a cool roof tend to reduce the roof reflectance over time, compromising the energy efficiency advantages of the reflective coating designs. We applied microbial ecology analysis to identify the natural communities present on the exposed coatings and investigated the reduction kinetics of the surface reflectance upon the introduction of a defined mixture of both photoautotrophic and heterotrophic microorganisms representing the natural communities. The findings are (1) reflectance degradation by microbial communities follows a first-order kinetic relationship and (2) more than 50% of degradation from the initial reflectance value can be caused by microbial species alone in much less time than 3 years required by the current standard ENERGY STAR Ò test methods.
Introduction
Buildings accounted for 40% of the US energy consumption in 2013, greater than transportation (28%) or industry (32%; US Energy Information Administration, http://www.eia.gov/totalenergy/). Buildings are also responsible for 40% of the CO 2 emission in the United States. Improving building energy efficiency is critical for environmental protection and reducing the cost of operating new and existing structures. Several components of the building envelope play a significant role in determining the thermal energy efficiency of a building. By directly interacting with the environment, an envelope protects the building structure from degradation by solar radiation, rain, snow, environmental dust, and microorganisms. Reducing roof temperatures using reflective materials (a ''cool roof'') has significantly improved building thermal energy efficiency (Berdahl and Bretz, 1997) .
For any envelope surface exposed to nature, many environmental factors degrade the surface's reflectance and emittance, including dirt and microbial growth (Bretz and Akbari, 1997; Cheng et al., 2011 Cheng et al., , 2012b Gaylarde and Gaylarde, 2005; Levinson et al., 2005) . Numerous coating materials have been developed for coolroof applications to keep the surface clean. These coatings that claim to be dirt-free, microbial-resistant, or ultraviolet (UV)-hardened, all have special features to keep a cool-roof surface from becoming dirty and protect the underlying substrate from degradation or corrosion. However, the mechanism of the reflectance degradation has not been well understood. Cheng et al. (2012b) applied an empirical model to predict the reflectance degradation as a function of environmental dusts and chemical composition of the dusts. There is no such a model for predicting microbial degradation effects on surface reflectance. Therefore, extensive environmental exposure tests have been required to evaluate surface coating properties, resulting in long product development cycles.
Current understanding is that once the microbial contaminants are lodged on the surface, they have to attach quickly to avoid subsequent removal from the surface due to wind erosion and rain washing that can lead to dissolution or detachment. Microorganisms attach and adhere to surfaces through both non-specific physicochemical interactions and specific production of complex macromolecules such as polysaccharides, proteins, and phospholipids (Savage and Fletcher, 1985) . In contrast to soot particles or road dirt that can discolor a surface and reduce the solar reflectance of the surface (Berdahl et al., 2002) , microorganisms can continuously produce organic pigments that discolor a surface (Liu and Nizet, 2009 ). For example, algae and cyanobacteria produce chlorophyll in their photosystems, Methylobacterium produces a pink carotenoid pigment in its biofilms (Yano et al., 2013) , and many fungi produce black melanin (Tanaca et al., 2011) . Certain microorganisms also break down polymeric coatings, including acrylic, as a food and energy source (Sutherland et al., 1997) .
Not only can these self-sustained microbial activities continuously degrade the optical performance (discolor, reduce reflectance, alter thermal emittance, etc.), but they can also damage surface microstructure and seriously impact the material performance over a long period of time, which ambient inorganic chemicals are unlikely to do. For instance, marine Vibrio can corrode metals (Gaylarde and Videla, 1987) and cyanobacteria were found to deteriorate limestone, cement, and mortar from buildings in Europe and Latin America (Crispim et al., 2006) . Microbial degradation is a unique biophysical process on building envelop performance; however, understanding of the microbial effects on envelopes such as coolroof coatings is limited.
The objectives of our study are to show that environmental microorganisms can alter the optical property (i.e. the reflectance) of a coated surface and to improve our understanding of the biophysical kinetics of reflectance change (i.e. reflectance reduction) by the growth of microbial communities. We demonstrated that the reflectance degradation can be achieved by microbial growth alone on acrylic coating, the most common cool-roof coating material.
The reflectance reduction aspect has a significant implication for the development of a test procedure for microbial degradation on cool-roof coatings. The US Environmental Protection Agency's ENERGY STAR Ò program requires a qualified roof product to have greater than or equal to 0.65 initial solar reflectance and greater than or equal to 0.5 at 3 years after installation under normal conditions for low-slope roofs, and 0.25 for initial reflectance and 0.15 after 3 years for steepslope roofs (https://www.energystar.gov/index.cfm?c=roof_prods.pr_crit_roof_ products). Sleiman et al. (2014) reported development of an accelerated dust aging protocol for roof products, but so far there is none for microbial aging. The results reported in this study offer preliminary data to develop such a test procedure for microbial degradation.
Methods and materials

Microbial abundance and diversity
Weathered roof materials were sampled at the three locations in the Eastern United States, that is, Florida (FL), Tennessee (TN), and Pennsylvania (PA) using a standardized sampling protocol (Cheng et al., 2012a) . These three sites based on the Koppen climate classification are as follows: TN and FL sites are Cfa, humid, and subtropical climate, whereas PA is Dfa, hot summer continental climate. Based on the US Department of Energy Building America climate map, the FL site is in Zone 2 (hot-humid), the TN site is in Zone 4 (mixed-humid), and the PA is in Zone 5 (cold; http://apps1.eere.energy.gov/buildings/publications/pdfs/building_america/ 4_3a_ba_innov_buildingscienceclimatemaps_011713.pdf).
For microbial investigation, estimation of colony-forming units (CFU) was performed using serial dilutions with plating on several agar growth media (Rose Bengal, Potato Dextrose), Reasoner's 2A agar (R2A; regular formulation and 1/10 strength), blue green (BG11), and yeast peptone dextrose (YPD; 10 g yeast extract, 20 g peptone, and 20 g dextrose per liter distilled water). Community genomic DNA (cgDNA) was extracted using MoBio PowerLyzer kits (Vishnivetskaya et al., 2013) . The recovered cgDNA underwent polymerase chain reaction (PCR) amplification for the V3 region of 16S rRNA gene (for bacteria) followed by 454 pyrosequencing (454 Life Sciences Genome Sequencer FLX; Roche Diagnostics, Indianapolis, IN; Acosta-Martinez et al., 2008) . The same cgDNA was amplified using fungal primers for the internal transcribed space (ITS) region of rRNA genes followed by 454 pyrosequencing at Research and Testing Laboratory in Lubbock, TX. The generated sequences were analyzed as previously described (Vishnivetskaya et al., 2013) .
Microbial strains and growth conditions
While conventional weathering test methods rely on naturally deposited microorganisms and particulates (ASTM D3456-86:2012, 2012), or a limited set of fungal cultures (ASTM G21-09:2010, 2010), our method applied a mixture of characterized fungal, algal, and bacterial cultures for improved reproducibility and accelerated testing. The selection of microorganisms for the microbial mixture was based, in part, on the bacterial sequencing results discussed previously. Non-pathogenic strains were selected based on their availability in public culture collections and their reliable growth on simple nutrient media. Culturing activities were performed in a Biological Safety Cabinet to avoid spore contamination.
The mixture included four fungal species obtained from the American Type Culture Collection (ATCC). These included Aspergillus brasiliensis Varga ATCC 9642 (formerly A. niger), Trichoderma virens von Arx ATCC 9645 (formerly Gliocladium virens), and Aureobasidium pullulans var. melanigenum ATCC 15233, each used in the American Society for Testing and Materials (ASTM) method (ASTM G21-09:2010, 2010). The Penicillum chrysogenum ATCC 10106 strain replaced P. funiculosum Thom ATCC 11797 (formerly P. pinophilum), a regulated plant pathogen. These cultures were maintained as hyphal filaments and spores on sterilized Sabouraud Dextrose Agar, Emmons modification (SDA-E; Becton Dickinson 274720) incubated aerobically at ambient temperature (21°C-24°C).
Three algal species were obtained from the UTEX culture collection of algae at the University of Texas at Austin. Chlorella vulgaris UTEX 259, Klebsormidium flaccidum UTEX 623, and Stichococcus bacillaris UTEX B176 were representative of strains previously identified on painted surfaces (Gaylarde and Gaylarde, 2005) . Each strain was maintained on sterilized Bristol proteose medium (agar or broth) at ambient temperature with continuous illumination by a compact fluorescent lamp (General Electric Spiral T2 20W, FLE20HLX/2/SW, 2000-3500 lux). The spectral power distribution of this 2700 K lamp with a peak at 430 nm is appropriate for the absorption spectrum of chlorophyll a, the predominant photosynthetic pigment in algae and cyanobacteria.
Three filamentous cyanobacteria were obtained from the ATCC: Oscillatoria sp. ATCC 29135, Gloeocapsa sp. ATCC 29115, and Tolypothrix sp. ATCC 27914. These strains represent cyanobacterial populations reported previously (Gaylarde and Gaylarde, 2005) or used in algal resistance testing (ASTM 5589-97:2002 (ASTM 5589-97: , 2002 .
Each strain was maintained on BG11 agar or liquid medium (ATCC medium 616) and incubated as described for the algae.
Finally, three filamentous bacterial strains were obtained from the Leibniz Institute German Collection of Microorganisms and Cell Cultures (DSMZ): Deinococcus aquatilis DSM 23025, Rubrobacter radiotolerans DSM 5868, and Methylobacterium extorquens DSM 1337. These strains represent populations identified through phylotyping surveys of weathered roof materials described here. D. aquatilis was cultured on R2A agar aerobically at 30°C. R. radiotolerans was cultured on tryptic soy agar (TSA) aerobically at 37°C. Finally, M. extorquens was cultured on nutrient agar with 1% (v/v) methanol and incubated aerobically at ambient temperature.
Inoculation of sample treatment/exposure protocol
A mixture of three algae, three cyanobacteria, and three filamentous heterotrophic bacteria was used to establish a primary biofilm on the samples. A 2-mL sample of each algal culture in its Bristol proteose medium was mixed with 1-mL sample of liquid cultures containing Oscillatoria sp. and Gloeocapsa sp. A sterile, moistened cotton swab was used to scrape filaments of Tolypothrix sp., D. aquatilis, R. radiotolerans, and M. extorquens from agar plates. The scraped material was suspended in 5 mL of sterile tryptic soy broth supplemented with 1% (w/v) bovine serum albumin to facilitate adsorption. The two cell suspensions were mixed together, and the cells were diluted to a concentration of approximately 10 7 cells/mL.
Test coupons or polystyrene Petri dishes were coated with white acrylic paint (Plaid Enterprises, Norcross, GA) and dried for at least 24 h under a laminar air flow. The dried samples were rinsed thoroughly with distilled, deionized water before treatment. Aliquots (2 mL) of the algal and bacterial cell suspension were applied directly to these samples. Control samples were incubated with sterile nutrient medium or no liquid, under the same conditions. All samples containing liquid were sealed to maintain a saturated humidity and incubated at ambient temperature (21°C-24°C) with continuous illumination from a compact fluorescent lamp, as described above. Distilled water was added to the chambers as needed to ensure constant humidity.
After 18 days of incubation, a fungal suspension was applied to the paint samples and biofilms. A sterile swab was used to collect spores and hyphal material from the surfaces of SDA-E agar plates. The scraped material was suspended in 6 mL of sterile broth containing d-glucose (0.4%), yeast extract (0.4%), and malt extract (1%). Aliquots of 0.5 mL of fungal suspension were added to the test samples and mixed by gentle swirling; the sample incubation was continued under a compact fluorescent lamp, as described above.
Visual inspection of changes in color, texture (change from smooth to nonsmooth), and reflective change of surface was made. Microbial growth was evaluated near the center of test paint films using criteria from ASTM D4610:2009 (2009) . For actively growing wet surfaces, typical ratings were 2P (Figure 1 ; non-uniform spread covering .33% of the surface) after ;50 days. Typical ratings for dried surfaces were 5S-6S (Figure 2 ; spot growth fully covering 1%-7% of the surface) and 6P (non-uniform spread covering 1% of the surface).
Measurements of total solar reflectance
Surface reflectance of a sample was measured by a hemispherical solar reflectometer model SSR-ER manufactured by Devices and Services (D&S) Company (10290 Monroe Drive, Suite 202, Dallas, TX; Figure 3 ). This hemispherical solar reflectance measurement is designed to measure for an incidence angle of sunlight at 20°off normal. The D&S SSR measurement approximates total hemispherical reflectance in six wavelengths. The details of D&S measurement can be found in ASTM C1549-09:2010 (2010). The solar reflectance measurement device was calibrated to the optical white standard tile (#C.64) provided by the D&S company.
Results and discussion
Microbial abundance
The communities of environmental microorganisms were investigated initially to facilitate our decision on the synthetic microbial communities for subsequent laboratory testing. Figure 4 shows a box plot of the bacterial and fungal abundances expressed as CFU based on samples collected at the three locations in the Eastern United States, that is, FL, TN, and PA. There were multiple sites in the same climate regions, and the exact locations are proprietary to the companies who were courteous to grant access to our research for the coated samples exposed to the local environment.
The bacterial abundances ranged from 10 6 to 10 8 CFU/cm 2 , while fungal counts were considerably lower at 10 3 -10 5 CFU/cm 2 (see Figure 4 ). The TN location exhibited lower fungal abundance than either PA or FL, a substantial difference based on analysis of variance (ANOVA) analysis (p = 0.067). The bacterial abundance across locations was similar. This result indicates that contributions by bacterial communities to aging of coated materials in the environment were similar across different locations in the East coast of the United States from FL to PA, but other microbial communities such as fungi and algae were locality dependent. Figure 5 shows the genetic distribution of bacterial categories using the Pyro454 sequencing technique on samples collected at the three locations (FL, TN, and PA). These samples were harvested from different commercial roof manufacturers and therefore were from different roof materials. We recognize that the difference in surface substrate material might have some impact on development of a microbial community on a roof surface, but climatic factors like water availability on the surface are probably more important to microbial survival than the surface substrate.
Geospatial diversity of bacterial communities
The genetic sequence results are summarized as follows: the FL samples showed much higher relative abundance of cyanobacteria/chloroplast sequences as compared to the total number of bacterial sequences (Cheng et al., 2012a) . The presence of eukaryotic sequences is most likely due to amplification bias of the paired primers used for the bacterial 16S rRNA gene in the community genome. Universal 16S bacterial primers have been shown to have homology with chloroplast 16S, plant nuclear and mitochondrial 18S, and arthropods 18S rRNA genes (Gandolfi et al., 2013; Hanshew et al., 2013) . TN samples show large populations of Actinobacteria and Proteobacteria, while PA samples were mainly dominated by Proteobacteria populations. The bacterial populations observed on the TN roofing materials were similar to populations found in nearby Oak Ridge soil communities where the majority of sequences were identified as Proteobacteria followed by Fimicutes, Bacteroidetes, Actinobacteria, Acidobacteria, and Planctomycetes (Castro et al., 2010) .
Furthermore, it was shown that the Acidobacteria decrease while Proteobacteria increase in shifts from dry to wet conditions. The samples in this study experienced both wet conditions at night and dry conditions during the day. Our samples were collected predominantly under dry conditions and the increased percentage of Actinobacteria would be expected and was also observed (Bowers et al., 2013) . Likewise, it has been shown that seasonality causes shifts in airborne and near surface microbial community between Proteobacteria, Actinobacteria, and Fimicutes populations (Bowers et al., 2013; Gandolfi et al., 2013) . Figure 6 shows the genetic distribution of fungal classes for the three locations. The fungal class Dothideomycetes dominated the PA location at .90% of all sequences, followed by TN at nearly 50%, while this class represented ;10% of the community in FL. This class of fungi is associated with decomposition of wood and leaves (Ohm et al., 2012) . The dominant fungal class in FL was Eurotiomycetes at 47% of all sequences, whereas in TN and PA this class represented 26% and 5% of all sequences, respectively. Fungi that belong to this class are plant pathogens and can degrade keratin (Geiser et al., 2006) . The fungal class Leotiomycetes at 28% of all sequences represented the second largest fungal class in FL (Wang et al., 2009) . Fungal analysis at genus level showed that FL had 48 genera identified versus 34 and 36 genera for TN and PA, respectively.
Geospatial diversity of fungal communities
Microbial communities found on these coupons at the three ambient sites could have taken days, months, or even years to fully develop, but the degradation of surface reflectance has not been documented as a function of time. Thus, as part of our original intent to develop a microbial soiling procedure, we formed a hypothesis that microbial factor alone can reduce the solar reflectance of a roof coupon in a reasonably short time (e.g. a few months). In other words, the hypothesis was tested with regard to the rate of solar reflectance degradation.
The data in Figures 5 and 6 provide the scientific basis for choosing a suitable microbial community toward improvement of our understandings of the microbial factors on the surface reflectance. Results from using this synthetic microbial community were used to test and presented in the following section.
Reflectance reduction kinetics
Based on our gene sequencing and microbial culturing results presented in Figures 5 and 6 , a mixture of microbial communities was developed. The microbial communities were used for testing the hypothesis: solar reflectance of a coated surface can be reduced by microbial communities alone. Due to the constraints of resources, we tested the hypothesis using only white acrylic-coated aluminum coupon as the surrogate cool-roof sample. There are many cool-roof coatings currently available on the market that claim to be dust and microbial resistance (http://www.epa.gov/heatislands/resources/pdf/CoolRoofsCompendium.pdf), white acrylic coating is not considered to be a strong resistance to dust and/or microbial soiling, but it is the most common cool-roof coating substance conceivable to our test of hypothesis. The work presented in this article is considered as proof-of-principle.
The three panels shown in Figure 7 display an example of the aluminum sample surfaces coated with the acrylic paint that had reflectance measurements taken at day 0 to the left, 3 weeks (21 days) after microbial inoculation in the middle panel, and 2 months (61 days) later at the right panel. There were five aluminum coupons used in the test. In each coupon, reflectance measurements were taken nonoverlapping at 10 different locations on the coupons to yield the average reflectance, R, shown for the example in Figure 7 . The variation of the 10 measurements increased from the left panel (61%) to the right one (616%) in Figure 7 . The growth of microbial communities on each of the five coupons was non-homogeneous, and the variation of the averaged R values across the group of five coupons 2 months after the treatment with the microbial communities was on the order of 624% (i.e. R = 0.18-0.29).
It is noted that the uniform discoloration of the background color on the coupon surface from white to darker colors could be seen at 3 weeks and 2 months in Figure 7 , which appears to be due to development of microbial biofilms on the Figure 7 . Panel of sample with total solar reflectance measured at three different time points (at the start, 3 weeks, and 2 months after inoculation). The reflectance (R) was measured at 10 different locations using the D&S reflectometer on the panel and an average was taken on the 10 measurements. The variation of the 10 measurements varies with time.
acrylic-coated aluminum coupon surfaces. The addition of darker streaks and colonies at a later time is an indication of agglomerated microbial community development, which as discussed previously was spatially non-homogeneous. Given time we believe the microbial communities' development will fully transform the coated coupon surface from white to different colors and potentially texture from the initial coupon surface.
To estimate the time to transformation of the surface, we assumed the reflectance degradation (in this case solely due to microbial growth) as a function of time (in days) follows a first-order kinetic model (Panikov, 1995) as given
where R is the reflectance, t is the time, and k is the degradation time constant specific to the system under-evaluation. The reflectance degradation value k is dependent upon several factors: the composition of microbial community and the environmental condition (nutrient, water, temperature, light, and chemical and physical properties of the surface). Note that the model is an empirical description of reflectance degradation based on the microbial community chosen and environmental condition, the model is not a mechanistic description of the process based on the first principle. We do expect a user of this model to obtain the k value based on their own data. Using the least-square linear regression, the k value is estimated to be 0.021 per day, with an R 2 value of 0.994, based on the data shown in Figure 7 . The figure of merit for the regression, 0.994, indicates the first-order kinetics is a reasonable description for modeling the reflectance decrease. Based on equation (1) and the ENERGY STAR Ò requirements described in the 'Introduction' section, we estimated that it would take 33 days for the microbial community to degrade the surface reflectance to 50% from the initial reflectance (=0.82). In other words, one can potentially complete the ''microbial testing'' in an accelerated mode in slightly more than a month on a new coating instead of 3 years as required by the ENERGY STAR Ò .
Equation (1) also indicates that the surface reflectance could potentially reach zero after 3 years (1095 days) of exposure to the microbial communities. This may or may not occur as the growth environment on the coupon surface may not be sustainable for it or the composition of the microbial communities may itself transform such that the reflectance could not reach zero. It would have to require further research to address those unknowns.
Conclusion
Microorganisms significantly reduced the reflectance of coated surfaces, both in field and laboratory-controlled conditions. Metagenomics techniques identified similar bacterial distributions on the East Coast of the United States from FL to PA, but fungal distributions varied regionally. It was found that the reflectance degradation of coated surface by microbial growth follows a first-order kinetic model. The results show that the surface reflectance can be reduced by 50% from its initial value in slightly longer than 1 month. These results validate our initial hypothesis that roof surface reflectance can be degraded by microbial communities alone and also improve our understanding of the reflectance reduction kinetics. The kinetics model provides a useful predictive tool for estimating potential time to transformation by environmental microbial degradation.
